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Lecture Outline

1. Why studying large/multi-subunit protein complexes?

2. Ways to study large protein complexes
• X-ray crystallography ✔
• Electron microscopy ✔
• Mass spectrometry ✔
• Cross-linking / hydrogen-deuterium (H/D) exchange
• Computer simulation, NMR, fluorescence, …

3. Case study



Why studying large/multi-subunit protein complexes?

• Protein structures define protein functions. Yet, a biological process is 
usually not performed by one single protein.

• Exactly how proteins send signals through their structures remains to be 
determined.

• Proteins function in ensemble with other protein partners, such signal 
transduction, transcription, translation, exo/endocytosis, etc.

• Activation/deactivation of individual protein functions requires formation 
of multi-protein complexes.

• Intracellular environment is very viscous and crowded by proteins and 
other biological molecules, i.e., the spatial limitation of protein functions.
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Integrative Structural Biology

A multi-disciplinary science that collects diverse expertise 
from various fields, such as

biochemistry/biophysics, 
analytical chemistry, 
cell biology, 
protein engineering, 
computer science, 
…

starting with more traditional methods such as X-ray crystallogra-
phy, SAXS, and NMR and finishing with methods that have become
feasible in the past decade such as cryo-EM and computational
modeling.

2.1. X-ray crystallography

Since the first protein structure – of sperm whale myoglobin –
was solved by John Kendrew in the late 1950s using X-ray crystal-
lography [10], the technique has been the preferred method for
structural biologists. Of the more than 160,000 structures that have
been deposited in the Protein Data Bank (PDB) to date, almost 90%
have been solved using X-ray crystallography (https://www.rcsb.
org/stats/summary). Advances in every aspect of the workflow
required for X-ray crystallography have had a transformative effect
on the time required for and complexity of solving a crystal struc-
ture. The limiting step of biological macromolecular crystallogra-
phy (MX) is crystallization. While robotics and a wealth of know-
how have drastically sped up the process, it is still considered a
‘dark art’ – the ability to predict crystallization conditions remains
elusive, with the crystallization step itself being the most time and
labor intensive in solving a structure. Failure in this single step of
macromolecular crystallography is often the main reason to look
for other techniques to acquire reliable protein structures.

Advances over the last couple of decades have resulted in a cur-
rent state of technology once a protein has been crystallized and
demonstrated to diffract X-rays, a dataset can be collected in sec-
onds due to high brilliance synchrotron beamlines [11]; high reso-
lution, fast readout detectors [12]; and automated and precise
sample mounting and manipulation [13]. Once a dataset has been
collected, it must be indexed and integrated to determine the unit
cell of the crystal – i.e. the dimensions of the smallest repeating
unit of which the crystal is comprised. With the crystal lattice
information in hand, the phases must be solved. Two methods
dominate solving the phase problem in crystallography: molecular
replacement (MR) and single-wavelength anomalous dispersion

(SAD) (with 70% and 7% of structures solved, respectively)
(https://www.rcsb.org/stats). MR uses known homologous struc-
tures to compute predicted phases of the unknown structure by
placing them in the same position and orientation in the unit cell
of the crystal. For this reason, as the number of available structures
grows, so does the use of MR to solve the phase problem. SAD is a
form of experimental phasing, that is, the phases of the diffraction
pattern are measured, rather than predicted. It relies on a break-
down of Friedel’s law (centrosymmetric diffraction spots in a
diffraction pattern have equivalent intensities but inverted phase)
when the energy of a diffracting X-ray is at the absorption edge of a
heavy atom (e.g. 0.9795 Å for Se) within the crystal. For an in-
depth review of phasing methods see [14]. This breakdown pro-
vides a starting point for determining the phases of the whole
structure. Determination of the phases results in an electron den-
sity map, from which a model can be built that is proceeded by
iterative cycles of phase refinement and further model building
(Fig. 2A). Once refinement is complete, validation ensures that
the structure does not violate known constraints of biological
macromolecules. Nowadays, all of these steps can be heavily auto-
mated to the point that amenable structures can be solved with no
human intervention whatsoever [15–17]. The relative trivialization
of so many steps in MX has led researchers to develop specialized
beamlines to address new bottlenecks in the process. For example
at the Diamond Light Source in the UK, VMXi is a fully in situ beam-
line in which diffraction experiments take place in crystallization
plates mounted directly onto the beamline [18], and I23 is a long
wavelength beamline for in vacuo (to reduce background diffrac-
tion from air) SAD experiments using native sulfur and phospho-
rous atoms and has been touted in particular for solving
membrane protein structures [19]. With the advent of X-ray free
electron lasers (XFEL), time-resolved crystallography is now possi-
ble. The much brighter and shorter X-ray pulses provided by XFELs
have, for example, allowed the capture of an oxygen intermediate
in the catalytic cycle of cytochrome c oxidase [20], and have also
been shown to ‘outrun’ radiation damage since the diffraction pat-

Table 1
Summary of techniques described in this review and their contributions in ISB.

Technique Description in the context of ISB References

Structural characterization of proteins
Common technique Macromolecular

crystallography
! Captures atomic resolution detail of stable protein conformations
! Data can be fit into SAXS/molecular docking/low-resolution cryo-EM data

[15]

NMR ! Captures atomic detail of small, flexible proteins
! Data can be fit into SAXS/molecular docking/low-resolution cryo-EM data

[22,24–25]

SAXS/SANS Provides overall protein complex shape that can be fit with atomic structures [40,42–44]
Recent advancement Cryo-EM SPA ! Captures high-resolution stable and lower-resolution flexible protein conformations

that can be fit into SAXS/molecular docking
! Data can provide overall shape to be fit with atomic structures

[45,52]

Computational modeling Detailed atomic subunit predictions which can be fit into SAXS/molecular docking
or used in MX analysis

[61,66,68]

Identification and characterization of protein–protein interactions
Common technique Co-IP Isolates strong protein interactions using affinity pulldowns that can be characterized by

MS
[84]

FRET Determines domain positioning or how two proteins interact based on proximity of two
fluorophores

[101]

Recent advancement XL-MS Captures strong and weak interacting partners and identifies which residues are
in proximity to each other

[85,115–
117]

Molecular docking Uses structural data and surface predictions to determine how protein complexes interact [87–90]
Proximity labeling Identifies proteins that come within 10 nm of the protein of interest [86]

Contextualization of protein–protein interactions
Future of ISB Whole-cell cryo-ET ! Determines nanometer-scale resolution of how proteins are spatially separated

! Provides a snapshot of transient interactions at the time of freezing
[103–104]

Single-cell cryo-EM ! Identifies transient and stable protein complexes in a cell
! Atomic resolution can be reached if there are multiple copies of the complex

[111–112]

XL-MS and cryo-EM SPA Traps transient and stable protein complexes with crosslinkers which can be characterized
with cryo-EM SPA

[102,114]

S.J. Ziegler, S. J.B. Mallinson, P.C. St. John et al. Computational and Structural Biotechnology Journal 19 (2021) 214–225
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(Ziegler et al, CSBJ, 2021)
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ACCELERATING THE PATH FROM STRUCTURE TO FUNCTION THROUGH INTEGRATIVE STRUCTURAL BIOLOGY SOLUTIONS

2    

Not so 
elementary: 
Deciphering 
structure–
function 
relationships
Recent advancements 
in technology have 
allowed the structures 
of macromolecules 
to be deciphered 
at greater and 
greater speeds.

Entry-level biochemistry class teaches that the three-dimensional structure of a 
protein defines not only its size and shape but also its function. But this relationship 
is anything but simple. Exactly how proteins send signals through their structures, 
a process known as allostery, is still to be determined. As such, designing drugs to 

regulate the functions of these proteins remains an arduous goal.
Integrative structural biologists—a diverse collection of scientists from various fields 

such as cell biology, protein engineering, and computational science—are interested in 
both structure and function. Their ultimate goal: to build a repository that details these 
relationships for all macromolecules that reside in the cell. Once this repository has been 
established, personalized medicine will be closer to becoming a reality.

Much progress has been made toward this goal. The latest version of the Human Protein 
Atlas, an open-access database created through international collaboration, has used 
immunohistochemistry and immunofluorescence to illustrate down to the subcellular level 
the distribution of protein expression in normal and cancer tissues. Similarly, the Protein 
Data Bank archive (www.rcsb.org/pdb) now holds over 130,000 structures of biological 
macromolecules based on X-ray crystallography, nuclear magnetic resonance spectroscopy, 
and electron microscopy (EM).

Looking at the multiple sources of data, one can see that problems in structural biology 
are often not solved by one technique alone, but require a combination of methods including 
those mentioned above, as well as structural mass spectrometry and small-angle X-ray 
scattering (SAXS). The field continues to evolve with an alphabet soup of recent innovations, 
particularly in cryo-EM, X-ray free-electron laser (XFEL), and fluorescence resonance energy 
transfer (FRET).

Included in this booklet are articles from the Science family of journals, as well as from 
the booklet sponsor, detailing the analytical tools needed to solve complex challenges in 
the field. Certainly, significant issues remain, such as using advanced computer modeling 
techniques to combine the disparate data coming from these methods, or how to deal with 
the fact that these molecules are continuously in motion.

Recent advancements in technology have allowed the structures of macromolecules to be 
deciphered at greater and greater speeds. While it once took years to figure out the structure 
of one protein, it now takes months or even weeks. Yet school continues to be in session 
for these scientists, as new methods are developed and the challenges of their integration 
into the growing suite of applications must be overcome. And the introduction of new 
methodologies does not appear to be slowing down—which is both a blessing and a curse for 
structural biologists and biochemistry teachers alike. 

Jackie Oberst, Ph.D.
Sean Sanders, Ph.D.
Custom Publishing Office
Science/AAAS
 

Perspectives 
on integrative 
structural 
biology
Advances in 
biomolecular mass 
spectrometry (MS) 
have had a significant 
impact on the field of 
structural biology. 

SCIENCE   sciencemag.org

INTRODUCTIONS

Understanding the intricate structures of the proteins in our bodies is key to advancing 
precision medicine. To do this, it’s necessary to look beyond individual proteins and 
delve into the assembly and structure of protein complexes. 

Advances in biomolecular mass spectrometry (MS) have had a significant impact on 
the field of structural biology. Technology developments in mass analyzers are the driving force 
behind the growing number of structural biology studies, which are enabled by the increased 
speed, sensitivity, selectivity, and variety of MS fragmentation techniques. This in turn has led to 
a plethora of MS methods, particularly at the intact protein and peptide levels , which allow the 
characterization of biomolecular structures. 

At the intact protein level, native MS permits the study of protein assemblies in their native 
state by analyzing noncovalent protein–protein and protein–ligand complexes. At the peptide 
level, liquid chromatography (LC)-MS/MS analysis of proteolytic digests provide the amino acid 
sequence of proteins, allowing protein subunits to be identified from a proteome database. 
Limited proteolysis and surface labeling techniques such as hydrogen-deuterium exchange 
MS (HDX-MS) have been employed to monitor conformational changes and characterize 
protein–protein interfaces. A combination of chemical linking of amino acid residues within a 
native complex with MS analysis of crosslinked peptides (XL-MS) can determine topological 
arrangements and also reveal where the protein domains interface. 

Recently, cryo-electron microscopy (cryo-EM) has emerged as an alternative to traditional 
techniques such as X-ray crystallography and nuclear magnetic resonance (NMR) imaging. Cryo-
EM can directly visualize complete macromolecular complexes instead of just selected parts. As 
with MS advancements, recent developments in cryo-EM sample preparation, microscope and 
detector technology, data collection automation, and image processing have made it possible to 
reproducibly reach near-atomic levels of resolution. 

Solving the structure of these large dynamic complexes requires integrating several 
complementary techniques, such as MS and cryo-EM density maps—an approach known as 
integrative structural biology (see image). One such example uses structural proteomics MS tools 
to study the stoichiometry of KaiA, KaiB, and KaiC (components of the cyanobacterial circadian 
clock) and to monitor these well-defined assemblies, followed by structural characterization 
using single-particle cryo-EM (see page 6).

At Thermo Fisher Scientific, we strive to help our customers deliver the breakthroughs that 
will translate to real benefits in human health. From our state-of-the-art cryo-EM and Orbitrap MS 
platforms, to our innovative crosslinking reagents and robust LC systems, we provide integrative 
structural biologists with the analytical tools they need to solve complex challenges in the field. 
That’s why we’re proud to support this booklet and the exciting research contained within.

With continued advancements in both MS and cryo-EM such as we present in this collection, 
and further applications of these synergistic approaches, integrative structural biology has a 
bright future in accelerating the knowledge and understanding of even more intricate systems—
such as pathways and organelles—along the path from structure to function.  

Rosa Viner, Ph.D.
Manager, Integrative Structural Biology Program
Thermo Fisher Scientific
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Integrative Structural Biology 
using MS + other methods

detailed insights in how purification protocols can affect
downstream structural methods. This resolution also
allows the identification of small molecules bound to
proteins, such as metals or lipids, to assist the assignment
of ambiguous densities in crystallography.

In this review we will focus primarily on the structure
elucidation of protein complexes including protein-only
assemblies, protein-nucleic acid complexes and mem-
brane protein–lipid interactions. We consider the inter-
play of structure determination and MS, as EM resolution
increases to sub-nanometre levels and beyond, and as the
possibility for resolving small molecule binding within
the context of macromolecular assemblies becomes a
reality.

Subunit stoichiometry of protein assemblies
Perhaps the most straightforward and important applica-
tion of native MS is in the determination of subunit
stoichiometry. Whilst in the majority of cases consensus
is observed between MS-derived stoichiometry and that
in X-ray crystal structures, exceptions have been
reported, including the recent structure determination
of BanLec. This lectin, which has been shown to be
capable of neutralising the carbohydrate coating of the

HIV virus and is therefore a potent inhibitor of HIV
replication, forms dimers during crystallography, in con-
trast to other lectins in the same family, which are
homotetrameric proteins [18,19]. However clear evidence
was obtained from MS, supported by size exclusion
chromatography, multi angle light scattering and small
angle X-ray scattering, that in solution BanLec possesses
a tetrameric oligomeric state under a variety of ionic
strengths (Hopper, under review). Whilst the discrepancy
is not unheralded, presence of the dimeric form was only
found by MS under very high salt conditions (4 M am-
monium acetate). The tetrameric solution state of Ban-
Lec enables multiple binding events, which explain its
high glycan affinity. Therefore correctly identifying the
solution oligomeric state by MS was important in identi-
fying how this protein functions.

Subunits that are present in addition to a stable core of
proteins are often discovered following native MS of
intact protein complexes. A case in point is the human
COP9 signalosome (CSN) complex, consisting of eight
subunits (1, 2, 3, 4, 5, 6, 7 and 8) that were co-expressed
and purified from insect cells and for which an X-ray
crystallography structure at 3.8 Å resolution was solved
[20]. Interestingly, MS analysis of the endogenous intact

Mass spectrometry guided structural biology Liko et al. 137
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Current Opinion in Structural Biology

MS can be used to measure the stoichiometry and composition of protein complexes, the presence of small molecules, and to establish
conditions that enable structural determination by techniques such as cryo-EM and X-ray crystallography. From left to right are crystal
structures of the lysenin pore from Eisenia fetida (PDB 5EC5), the ammonia channel from E. coli (PDB 4NH2), the cryo-EM structure of the
dynactin complex (PDB 5CMN), and the crystal structure of the FLRT2:Unc5D:latrophilin 3 protein complex (PDB 5FTT) all of which were informed
by complementary MS.

www.sciencedirect.com Current Opinion in Structural Biology 2016, 40:136–144

(Liko et al, Curr Opin Struct Biol, 2016)
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Mass Spectrometry (MS)

prototype electrospray time-of-flight mass spectrometers, we
showed that the composition and subunit stoichiometry of
complexes could be retained, even from relatively crude ex-
tracts such as plasma (9), and observed our first 800-kDa
complex of GroEL in 1999 (10). This led to opportunities to
monitor changes in subunit composition, either through
spontaneous exchange (11) or induced through thermal acti-
vation following construction of a thermally controlled nanoflow
device (12, 13). The precision with which masses could be assigned
to heterogeneous populations was such that incorporation of dif-
ferent subunits could be uncovered and monitored as a function
of time.
A turning point came with the application of ion mobility MS

to the study of native complexes. Following many excellent
earlier developments for clusters and biomolecules (14), we
adapted modeling strategies and demonstrated that the shape of
a protein complex could be preserved to maintain a defined ring-
shaped structure within the mass spectrometer (15). Alterna-
tively, by increasing the internal energy of the ions, these struc-
tures could be induced to collapse to form spherical structures,
which could then be separated from the larger ring-shaped
structures. Collision cross sections can be obtained from these
measurements, which in turn can be modeled and compared with
theoretical values, calculated from known structures where
available (16). In effect, this adds a new dimension to the ex-
periment: that of topology of the complex. These experiments,
together with early attempts to soft-land protein complexes and
subsequent imaging following negative stain using electron mi-
croscopy (17, 18), helped convince remaining skeptics that the
shapes of protein assemblies could be maintained in the gas
phase and, for the large part, corresponded to those anticipated
from X-ray structures.

From Membranes to Micellated Complexes
A long-term goal for us has been to achieve the same insights for
membrane proteins that we were beginning to amass for soluble
proteins. Overcoming the high concentrations of detergent
necessary to retain solubility was a significant challenge, with
early attempts yielding mainly aggregates of both detergents and
proteins (19, 20). It was only when we realized that to effect
efficient delivery we needed to increase detergent concentra-
tions, above the critical micelle concentration, that we managed
to retain transmembrane and cytoplasmic subunits. Following
further instrument modification and application of bespoke
parameters, we observed an ABC transporter in a well-defined
subunit stoichiometry (4) and knew that we had finally achieved
conditions whereby we could begin a systematic study of mem-
brane protein–lipid interactions with a high chance of success.
From our very first mass spectra of membrane proteins, however,
it was clear that associated lipids would remain, despite extensive
delipidation protocols (21). A major challenge for us, therefore,
was to consider how to use the lipid-binding we readily observed
to inform a more complete picture of the structure and function
of membrane proteins. Specifically, we wanted to develop
experiments that would enable identification of lipids that
were important for fine-tuning functions and for modulating
oligomeric states.
We reasoned that the rotary ATPase, with a large proportion

of subunits rotating within membranes, would have close inter-
actions with surrounding lipids (22). Our earliest mass spectra
had been limited to subcomplexes arising from the soluble head;
without the detergent micelle, the membrane-embedded com-
ponents were not observed (23). We concluded at that time that
the loss of membrane subunits was most likely due to their in-
ability to ionize sufficiently. Returning to these targets with our
new knowledge that we need to retain a high concentration of
detergent to form protective micelles, we obtained dramatically

Fig. 1. A timeline for milestones along the path from protein folding to GPCRs. (Left to Right) In the 1990s our research was focused on developing hydrogen
deuterium exchange methodologies to monitor the folding of proteins, capturing folding intermediates (7) and probing their interactions with molecular
chaperones (8). Transmission of an intact GroEL14-mer using instrumentation modified in our laboratory was an exciting milestone for us because it dem-
onstrated the potential for MS to maintain intact macromolecular complexes (10, 48). Subsequently, we collaborated with others on prototype ion mobility
spectrometers to demonstrate preservation of ring-shaped assemblies, and to produce early images of complexes on electron microscopy grids (15, 17, 18, 49).
Our first membrane protein complexes were ejected from micelles in 2008 (4), with intact rotary ATPases surviving the phase transition in 2011 (24). In 2014
we began our quest to uncover the many roles of lipids, starting with those that modulate the structure of membrane proteins, including the ammonia
channel (34). In 2016, we recorded our first mass spectra of a folded GPCR with both endogenous ligand and drug retained (41).

Robinson PNAS | February 19, 2019 | vol. 116 | no. 8 | 2815
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(Robinson, PNAS, 2017)



1. Introduction

Membrane proteins (MPs) represent a disproportionately large
number of therapeutic targets (!60%) [1–3] given that they com-
prise only 25–30% of the proteome [4,5]. MPs perform numerous
essential cellular functions, including signaling, transport, cell
adhesion and catalysis [6–10]. Despite their importance, structural
information pertaining to this class of proteins is relatively sparse
when compared with water soluble proteins. The so-called ‘resolu-
tion revolution’ [11,12] in cryo-electron microscopy (cryo-EM) has
meant that structural information of MPs is now accessible for
samples where X-ray crystallography has failed, or is unsuitable.
Despite this increase in capability, both of these methods rely on
trapping or enriching the conformational state of the protein of
interest prior to study, whether this be by plunge freezing or crys-
tallization. This makes it impossible to interrogate protein dynam-
ics directly and to define the functional cycles of proteins, where
conformational changes may be required and protein states are
in dynamic equilibrium. Moreover, lipid/ligand binding, lowly-
populated states, and co-populated conformations are difficult to
discern by cryo-EM and crystallization, although class averaging
in cryo-EM data analysis can be used to unpick structural ensem-
bles [13–15]. Structural mass spectrometry (MS) methods do not
require freezing or crystallization, the lack of ensemble-averaging
in native MS enables ready detection of co-populated conforma-
tions [16,17] and ligand bound states [18–23], and the methods
are not (often) restricted by protein size (especially methods which
utilize bottom-up analyses) [24–26]. Real-time MS measurements
also enable kinetic information to be determined regarding protein
interactions with ligands or binding partners [27–30]. Conse-
quently, MS-based methods are being increasingly applied in
structural studies of both water soluble proteins and MPs.

The burgeoning field of structural MS has flourished over recent
years, with instrumental and methodological advances spawning
new approaches to interrogate both water soluble and MP struc-
tures and their interactions [31–35]. Broadly speaking, the struc-
tural MS approaches that have been developed can be separated
into two classes, namely native (or non-covalent) MS and
labelling-MS (Fig. 1). Native MS exploits the ability of electrospray
ionization (ESI) to maintain non-covalent interactions upon ioniza-
tion, thereby preserving tertiary and quaternary structure for inter-
rogation in vacuo [34,36]. This approach allows protein subunit
stoichiometry and architecture to be studied (the latter when cou-
pled with ion mobility spectrometry, IMS) [33,37]. Labelling
approaches include chemical crosslinking (XL) [26,38–41], hydro-
gen/deuterium exchange (HDX) [42,43], and surface labelling
methods, including chemical labelling (CL) [44–46], and hydroxyl
radical footprinting (HRFP) by methods such as synchrotron radiol-
ysis [47] or fast photochemical oxidation of proteins (FPOP) [48,49].
In these methods, the protein is labelled in solution, and is subse-
quently proteolysed before the resultant peptides are analyzed by
MS either qualitatively or quantitatively. Each of these MS-based
approaches provides a different type of structural information
and, in many cases, integrating data from several of these methods
(perhaps supplemented by other data) can be informative [50].
Whilst these approaches provide low resolution structural informa-
tion, the challenging nature of numerous biological systems (e.g.
size, conformational dynamics, intrinsic disorder, low abundance,
heterogeneity and transiency), including those for proteins embed-
ded in membranes (which have the added challenge of protein
solubility), often precludes the use of high resolution methods such
as X-ray crystallography, cryo-EM or nuclear magnetic resonance
(NMR) spectroscopy. In many instances, the approaches used to
study MPs by structural MS have been developed from those

Fig. 1. Structural Mass Spectrometry. Summary of structural mass spectrometry methods, workflows and the information obtained from each experiment. Native MS and
IMS-MS involves analyzing proteins intact, whilst maintaining non-covalent interactions. The other methods depicted typically involve analyzing peptide fragments and
mapping the labelling sites onto the protein structure.

188 A.N. Calabrese, S.E. Radford /Methods 147 (2018) 187–205

(Calabrese & Radford, Methods, 2018)
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EpiGenetics
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Epigenetics: several layers of 
regulation 

Epigenetic factorHistone variants
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Post-translational modifications of histone 
proteins

Luger K., et al, Nature. 1997 Sep 18;389(6648):251-60.
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Acetylation of lysine residues
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*Tri-methylation of lysine residues 20, 9 
and 27 is linked to repression of gene 
expression.

*Tri-methylation of lysine 4 is found in the promoter 
region of actively transcribed genes. 
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Methylation of arginine residues.
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Mono-methylation of K20  is linked to gene 
silencing.
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Let’s RECAP what we have seen so far…. 

(Jacob et al. 2014)

• requires A31 for distinction of H3.1 from H3.3
(Bergamin et al. 2017)

62

(Jacob et al, Science, 2014; Bergamin et al, Nuclear Acids Res, 2017)

Case Study: Epigenetics by X-ray crystallography



preferentially binds unmethylated 
H3 K4

PHD binds H3 N-terminus or SET

(Bergamin et al. 2017)

PHD domains enhance 
activity of ATXR5/6 on NCPs

63

Let’s RECAP what we have seen so far…. 

(Bergamin et al, Nuclear Acids Res, 2017)

Case Study: Epigenetics by X-ray crystallography
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Structure and Conformational Dynamics of a
COMPASS Histone H3K4 Methyltransferase
Complex

Graphical Abstract

Highlights
d Cryo-EM structure of a fully active H3K4 methyltransferase

COMPASS complex

d The assembly of COMPASS is orchestrated by Cps50

d The catalytic SET protein is structurally coordinated by

Cps60, Cps50, and Cps30

d The methylation product specificity of COMPASS is

modulated by Cps30
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In Brief
The cryo-EM structure of a fully functional

COMPASS complex reveals the intricate

structural coordination of the

methyltransferase subunit by its partner

proteins.

Qu et al., 2018, Cell 174, 1117–1126
August 23, 2018 ª 2018 Elsevier Inc.
https://doi.org/10.1016/j.cell.2018.07.020

by the lower resolution of its EM density. The second mobile
element is the N-terminal region of Cps40, which is observed
to reposition around a hinge region in the protein. As a result of
both elements moving inward toward each other, the second
COMPASS conformer displays a more compact configuration
on one side of the complex. Interestingly, this side forms an
arc with dimensions that are compatible with those of a nucleo-
some. The center of the arc is occupied by the catalytic SET
domain, while its periphery presents structural elements that
are involved in chromatin binding, such as the PHD domain of
Cps40, which is disordered in our maps. PHD domains have
been shown to recognize histone tails (Iwase et al., 2007; Lan
et al., 2007; Li et al., 2006; Peña et al., 2006). It is thus tempting
to speculate that this in-built conformational variability of the
Cps60-25 module and the Cps40 N-terminal region may be
important for capturing nucleosomes in order to methylate
H3K4 (Figure 1D).

Cps50 Orchestrates the Assembly of the
COMPASS Core
The WD40 domain containing Cps50 protein or its mammalian
homolog RbBP5 (Figure 2A) is essential for the methyltransfer-

ase activity of MLL/COMPASS-like complexes (Avdic et al.,
2011a; Cao et al., 2010; Li et al., 2016; Odho et al., 2010; Taka-
hashi et al., 2011). To start delineating the function of Cps50,
we obtained a 1.8-Å resolution crystal structure of the
M. thermophila Cps50 protein WD40 domain, which displays a
similar structural fold to the canonical WD40 domain (Fig-
ure S3A). The cryo-EM map shows that in addition to this
WD40 b propeller domain, Cps50 possesses a C-terminal wire-
like density of approximately 80 amino acids (Figures 2B and
S4). This density emanates from the Cps50 WD40 domain and
knits along the Cps30 WD40 domain, the catalytic SET domain,
and the Cps60 SPRY domain and curls back toward the bottom
cavity of Cps30 to finally exit through a slit between the two
WD40 domains. The U-shaped wire establishes extensive
contacts with most COMPASS subunits, including Cps50 itself
(Figures 2 and 3). Although intensive attempts to recombinantly
express individual S. cerevisiae proteins for in vitro assays
were not successful, the homologous M. thermophila Cps50
binds to and co-elutes with Chaetomium thermophilum Cps30,
Cps40, or Cps60 (Figure S5), further suggesting the high
conservation of these COMPASS core interactions among
eukaryotes.

Figure 2. Cps50 Serves as the Assembly and Regulatory Hub for COMPASS
(A) Interaction map of Cps50 with its partners. Regions 1–4 span sequences as follows: (1) 348–351 aa, (2) 352–366 aa, (3) 367–376 aa, and (4) 387–409 aa.

(B) Cryo-EM density map (colored in blue) of the Cps50 C-terminal region, which contacts most of the COMPASS subunits.

(C and D) Close-up views of Cps50 interaction sites with Cps30 and SET domain (C) and Cps60 and SET domain (D). The residues involved in protein-protein

interactions modeled according to EM map features, homologous structures, and biochemical data are shown as sticks in (C) and (D). The Cps50 residues

involved in interactions are shown in their corresponding EM density (wire frame).

(E and F) Representative mutagenesis analysis of H3K4 methylation profiles from yeast cells with mutated Cps50 (E) or Cps60 (F), respectively.

See also Figures S4, S5, and S6.
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Case Study: Epigenetics by chemical reporters

(Li & Li, Acc Chem Res, 2021)



Case Study: Epigenetics by NMR, SAXS & cross-linking

NMR

SAXS

Chemical 
cross-linking

(Kaustov et al, Nucleaic Acids Res, 2019)
* SAXS: small-angle X-ray scattering
* MLL: mixed lineage leukemia



Case Study: G protein signaling 

(Li et al, Nature, 2002)

GPCR: G protein-coupled receptor
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Case Study: GPCR by X-ray crystallography 

Data Fig. 2a). The T4L–rhodopsin–arrestin fusion protein is mono-
meric and relatively stable with a Tm of 59 uC (Extended Data Fig. 2b,
c). Negative stain electron microscopy images revealed that E1133.28Q/
M2576.40Y rhodopsin and 3A arrestin form a stable complex with
arrestin bound to the cytoplasmic side of rhodopsin (Fig. 1e). The
T4L–rhodopsin–arrestin fusion protein formed crystals with sizes in
the range of 5 to 15mm under various lipid cubic phase (LCP) crystal-
lization conditions (Extended Data Fig. 2d, e). Despite extensive optim-
ization, the crystals diffracted only to 6–8 Å at synchrotron sources
(Extended Data Fig. 2f). We thus turned our attention to the emerging
method of SFX34 with an LCP injector (LCP-SFX)35,36.

Structure determination by SFX
Because of the small size of crystals, we hypothesized that diffraction
by X-ray free electron laser (XFEL) at the Linac Coherent Light Source
(LCLS) would improve data quality given the advantages of intense
and very short XFEL pulses for micrometre-size crystals. In the LCP-
SFX method, a stream of gel-like LCP with fully hydrated microcrys-
tals runs continuously in vacuum across the 1.5-mm-diameter XFEL
beam, which delivers 120 X-ray pulses per second with less than 50 fs
pulse duration and sufficient intensity to capture crystal diffraction
patterns with a single pulse. Within ,12 h of run time, we collected
over 5 million detector frames, of which 22,262 had more than 40
diffraction spots as determined by the Cheetah hit-finding software37.

Diffraction patterns from 18,874 crystals could be indexed and inte-
grated using CrystFEL38. The data were processed according to the
apparent tetragonal lattice with a large unit cell (a 5 b 5 109.2 Å and
c 5 452.6 Å). The diffraction was anisotropic with resolution limits of
3.8 Å and 3.3 Å along the a*/b* and c* axes, respectively (Supple-
mentary Table 1).

The crystals appeared to be pseudo-merohedrally twinned in
P212121 (Supplementary Table 2) and the structure was solved by
molecular replacement using known structures of active rhodopsin39

and pre-activated arrestin1 (details in Methods). The structure con-
tains four rhodopsins (residues 1–326), four arrestins (residues
12–361 with a small missing loop of residues 340–342), and three
T4Ls (residues 2–161 in complexes A and D; residues 2–12 and
58–162 in complex C; no T4L was modelled in complex B owing to
poor density) (Fig. 2). The final structure was refined to Rwork and
Rfree of 25.2% and 29.3%, respectively, with excellent geometry
(Supplementary Table 1b). The overall arrangement of the T4L–rho-
dopsin–arrestin complex is well supported by the electron density
maps (Extended Data Fig. 3), including a 3,000 K simulated annealing
omit map. Because of the twinned nature of the data sets, we per-
formed extensive structure-validation experiments, including DEER,
HDX, cell-based rhodopsin–arrestin interaction assays and site-spe-
cific disulfide cross-linking. Below we describe the rhodopsin–
arrestin structure and the results of validation experiments.

Overall structure of the rhodopsin–arrestin complex
The most striking feature of the rhodopsin–arrestin complex is the
asymmetric binding of arrestin to rhodopsin (Fig. 2) and this asym-
metric arrangement is similar in all four complexes in the asymmetric
unit, providing an independent confirmation of the rhodopsin–
arrestin complex assembly (Extended Data Fig. 4). Figure 2a shows
one rhodopsin–arrestin complex in four 90u orientations. From the
intracellular (IC) view, rhodopsin and arrestin have similar heights,
but the width of arrestin is nearly three times that of rhodopsin.
Figure 2b shows the rhodopsin–arrestin complex in a transparent
surface, whose overall arrangement of the domains can be fit into
the electron microscopy images (Fig. 1e). Figure 2c shows the layered
or type I packing of the complex in the crystal lattice with alternating
hydrophilic and hydrophobic layers comprising arrestin, T4L and
rhodopsin, respectively (Fig. 2c). This arrangement allows the com-
plex to form extensive packing interactions that involve all soluble
portions of the proteins, with the arrestin being the central mediator
for packing with T4L, rhodopsin and arrestin from neighbouring
symmetry-related molecules.

To validate the assembly of the rhodopsin–arrestin complex, we
used DEER to determine intermolecular distances within the com-
plex40. The DEER distances from residue Y742.41 of rhodopsin to three
arrestin residues (T61, V140, and S241) measured in a non-fused
rhodopsin–arrestin complex were 28 Å, 23 Å and 33 Å, closely match-
ing the distances of 28 Å, 22 Å and 34 Å, respectively, as observed in
the crystal structure (Fig. 3). The intramolecular distances in the
active arrestin bound to light-activated phosphorylated rhodopsin
have also been studied extensively by DEER41, and all of them match
exceedingly well with the crystal structure (Supplementary Table 3).
Together, these data support the conclusion that the complex formed
by fusion proteins closely resembles the physiologically relevant com-
plex formed by individual proteins.

The rhodopsin–arrestin interface
The four rhodopsin–arrestin complexes in the asymmetric unit adopt
nearly identical interfaces (Extended Data Fig. 4a), which are stabi-
lized by intermolecular interactions as summarized in Supplementary
Table 4. The total surface area buried in the interface is 1,350 Å2,
which is substantially smaller than the area (2,576 Å2) buried in the
b2AR–Gs complex8. Unlike the continuous interface observed in the
b2AR–Gs complex, the rhodopsin–arrestin complex has four distinct
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Figure 2 | The structure of the rhodopsin–arrestin complex. a, The structure
of the rhodopsin–arrestin complex in four orientations. The relative
dimensions of rhodopsin and arrestin are shown in the intracellular view.
TM1–TM7 indicates rhodopsin transmembrane helices 1–7; H8 is intracellular
helix 8. b, An overall view of the rhodopsin–arrestin complex shown with
transparent solid surface. T4 lysozyme (T4L) is omitted from this view.
c, Crystal packing diagram of the rhodopsin–arrestin complex with T4L as
yellow ribbon model.
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may represent an adaptive mechanism for arrestins to pair promis-
cuously with the large number of GPCRs.

The asymmetric orientation of the bound arrestin with regard to
the relative positions of its N–C domains in respect to the membrane
has important implication in its binding to rhodopsin (Fig. 2a, b).
Such asymmetric assembly brings the arrestin C-domain towards the
membrane, with the C-edge either being touched or embedded in the
membrane layer (Extended Data Fig. 13). The C-edge is comprised of
conserved hydrophobic residues (F197, F198, M199, F339, and L343).
It has been puzzling why single alanine mutations at these residues
would affect arrestin binding to rhodopsin given how far away they
are from the receptor43. The close proximity of these hydrophobic
residues to the membrane surface may provide an explanation for
the effects of these mutations on rhodopsin binding. GPCR signalling
regulator proteins are normally membrane-associated through lipid
modifications, as is the case for GPCR kinase 1 (GRK1) and the
G-protein subunits Ga and Gbc. Yet, there is no known lipid

modification for any of the arrestins. We speculate that the conserved
hydrophobic patch at the C-tip of arrestin may function as a lipid-
interacting module that helps to stabilize its interaction with the
receptor. Furthermore, one primary function of arrestin is to mediate
endocytosis of ligand-activated GPCRs and the highly asymmetric
nature of the rhodopsin–arrestin assembly may facilitate the mem-
brane curvature for subsequent endocytotic processes. Alternatively,
the remote C-tip could serve as the binding site of a second rhodopsin,
which has been proposed to form dimers in the rod outer-segment
disc membrane49.

LCP-SFX is a new technology that has been used to determine
several crystal structures35,36,50. Rhodopsin–arrestin is a challenging
membrane protein complex and obtaining a structure of this complex
at a sufficiently high resolution was an intractable task using existing
methods that include synchrotron-based crystallography and cryo-
electron microscopy26. The rhodopsin–arrestin complex structure
reported here demonstrates the utility of X-ray lasers when combined
with SFX and an LCP crystal delivery system35. The SFX method is
relatively new and under continuous development. Given its success
in solving the rhodopsin–arrestin structure, we expect that X-ray
lasers, with further method development, will continue to provide
breakthrough insights into biology and chemistry.

Online Content Methods, along with any additional Extended Data display items
andSourceData, are available in the online version of the paper; references unique
to these sections appear only in the online paper.
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Figure 6 | Structural basis of arrestin-biased signalling and arrestin
recruitment. a, b, Two views of structural overlays of arrestin-bound
rhodopsin (green) with inactive rhodopsin (pink). c, d, Two views of structural
overlays of arrestin-bound rhodopsin (green) with GaCT peptide-bound
rhodopsin (orange). e, A cartoon model of arrestin recruitment by a
phosphorylated and active rhodopsin. In the dark state, the receptor is inactive
(R-state) and arrestin is in the closed state (basal state). Receptor activation and
phosphorylation (P-R* state) allow the phosphorylated C-terminal tail of
rhodopsin to bind to the N-domain of arrestin (pre-activated state), thus
displacing the arrestin C-terminal tail. This displacement destabilizes the polar
core of arrestin, which allows a 20u rotation between the arrestin N- and
C-domains, leading to the opening of the middle loop (ML) and C-loop (CL) to
accommodate the ICL2 helix of rhodopsin (fully activated state). The activated
receptor also opens the cytoplasmic side of the TM bundle to adopt the
finger loop (FL) of arrestin. In this model, the tip of arrestin’s C-domain
contacts the membrane (red asterisk).
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Case Study: Assembly of GPCR-G protein complex

X-ray crystallography
Cryo-EM

(Du et al, Cell, 2019)



Case Study: Assembly of GPCR-G protein complex

Mass spectrometry (HDX-MS & HRF-MS)

(Du et al, Cell, 2019)

* HDX: hydrogen/deuterium exchange
* HRF: hydroxyl radical mediated protein footprinting
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(Du et al, Cell, 2019)

Proposed Model



Outlook: in situ structural characterization 

(Ziegler et al, CSBJ, 2021)
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